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Abstract
A ban on the use of antibiotics in livestock was introduced to combat the global
antibiotic resistance crisis. This ban has led to an increased prevalence of diseases
that have a significant economic impact on the agricultural industry, such as necrotic
enteritis (NE) in poultry. As a result, alternative methods are required to prevent these
diseases. The main aim of this project was to identify isolates of Bacillus subtilis
subsp. subtilis that can be used as probiotics to combat NE in poultry. This study
selected B. subtilis subsp. subtilis isolates based on their antagonistic ability against
Clostridium perfringens and further assessed their stability in conditions relevant to
those of the poultry gastrointestinal (GI) tract, antibiotic sensitivity, and their cell
adhesion properties through an aggregation assay. Isolates of interest (BS013 and
BS023) showed antagonistic properties against a range of C. perfringens isolates and
were also both viable and had antagonistic properties after exposure to pH 2 to pH 9,
bile salt concentrations up to 0.9% and temperatures from 30°C to 42°C. The two
potential probiotics were deemed susceptible to three antibiotics by European Food
Safety Authority (EFSA) guidelines, as well as, providing good auto-aggregation
properties, which is thought to be crucial for intestinal cell adhesion. Overall, B. subtilis
subsp. subtilis isolates BS013 and BS023 could be promising alternatives to
antimicrobial growth promotors (AGPs) to combat NE in poultry, however extensive
future work is needed to further assess their effectiveness as probiotics and to ensure
safety requirements are met.

VIII

1 Introduction
A ban on the use of antibiotics in livestock has led to an increased prevalence of
diseases that have a significant economic impact on the agricultural industry, such as
necrotic enteritis (NE) in poultry (Van Immerseel et al., 2009; Caly et al., 2015). As a
result, alternative treatments are required to prevent diseases in livestock (Caly et al.,
2015), some of which include prebiotics, symbiotics, bacteriophages and probiotics
(Gadde et al., 2017).
1.1 Poultry Industry
The term poultry refers to the domestication of fowl, most commonly from the orders
Galliformes (such as chickens, quail, and turkeys) and Anseriformes (such as ducks
and geese), that are specifically bred for their meat, eggs and/or feathers (Alders et
al., 2018; Padian, 2020). Around 90% of the poultry population are domestic chickens
(Gallus domesticus), making them the most important member of the order in terms
of poultry production (FAO, 2013). The poultry industry has developed significantly,
with world livestock numbers having increased an estimated 104.2% from 1990 to
2012 (FAO, 2014). As a result, poultry is one of the world’s most consumed meats
(FAO, 2014), establishing its importance in current livestock production demands.
The human population is expected to reach in excess of 9 billion by 2050 and
therefore the demand for food production (Godfray et al., 2010), including livestock
products such as poultry, will continue to increase. Although the poultry industry has
been deemed the fastest growing and most efficient sub-sector of livestock production
(Mottet and Tempio, 2017), large-scale poultry farming continually faces diseaserelated challenges which subsequently impact meat and egg production, causing
significant economic losses (Craven et al., 2001; Pattinson et al., 2008; Timbermont
et al., 2011). These disease-related challenges are widely considered to be a result
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of a ban on the use of antibiotics for growth promotion purposes (Van Immerseel et
al., 2009). Therefore, research into alternative methods for disease prevention
amongst poultry is crucial in order to keep up with the production demands of the
ever-growing human population.
1.2 Necrotic Enteritis
In poultry, NE is a common enteric disease caused by Clostridium perfringens type
G, specifically due to its production of the NetB toxin (Keyburn et al., 2010; Rood et
al., 2018). This disease is caused by the over-proliferation of C. perfringens in the
small intestine (ew-nutrition, 2020) and presents as either an acute clinical disease or
a subclinical disease (Gholamiandehkordi et al., 2007). Clinical NE can cause
extensive intestinal mucosa necrosis leading to a sudden increase in flock mortality
rates (M’Sadeq et al., 2015), whereas subclinical NE causes intestinal mucosa
damage leading to decreased digestion and absorption, reduced weight gain, and
increased feed-conversion ratio (FCR) (Elwinger et al., 1992; Kaldhusdal et al., 2001;
Gholamiandehkordi et al., 2007). Although subclinical NE has a low mortality rate, it
is generally considered more economically threatening to the poultry industry than the
clinical disease (M’Sadeq et al., 2015). The disease is estimated to cost the poultry
industry up to $6 billion per year worldwide (Wade and Keyburn, 2015).
1.2.1 Clostridium perfringens
C. perfringens is a spore-forming, anaerobic, Gram-positive bacterium with an
extensive distribution in the environment, including a natural presence in the lower
gastrointestinal (GI) tract of healthy mammals (Kiu and Hall, 2018). Although C.
perfringens is naturally present in the gut microbiome, its irregular growth in the lower
GI tract leads to many histotoxic and enteric diseases including, but not limited to,
foodborne illnesses in humans and NE in poultry (Uzal et al., 2014). The anaerobe is
classified into seven distinct toxin types (A-G) based on their ability to produce potent
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protein toxins (see Table 1.1) (Rood et al., 2018) that determine their virulence (Li et
al., 2013).
Previously, the anaerobe was classified into five toxin types (A-E) (Songer, 1996) but
the classification has recently been expanded to include type F and type G to allow
for the addition of toxins that have been shown to be responsible for specific diseases
(Rood et al., 2018). For example, C. perfringens type G isolates produce the NetB
toxin that is responsible for causing NE in chickens (Keyburn et al., 2008; Rood et al.,
2018). The cpa gene, that encodes for the α-toxin (CPA), is conserved in all C.
perfringens isolates and therefore isolates are classified based on their presence or
absence of plasmids that encode for other toxins, such as the β-toxin (CPB, cpb
gene), ε-toxin (ETX, etx gene), ι-toxin (ITX, iap and ibp gene), C. perfringens
enterotoxin (CPE, cpe gene) and the necrotic enteritis B-like toxin (NetB, netB gene)
(see Table 1.1) (Ohtani and Shimizu, 2016; Rood et al., 2018).
Table 1.1 Toxin-typing of C. perfringens classified based on the possession of genes responsible for toxin
production; α-toxin (plc or cpa), β-toxin (cpb), ε-toxin (etx), ι-toxin (itx), CPE (cpe) and NetB (netB) (Rood
et al., 2018).

α-toxin

β-toxin

ε-toxin

ι-toxin

CPE

NetB

plc or cpa

cpb

etx

iap and ibp

cpe

netB

A

+

-

-

-

-

-

B

+

+

+

-

-

-

C

+

+

-

-

±

-

D

+

-

+

-

±

-

E

+

-

-

+

±

-

F

+

-

-

-

+

-

G

+

-

-

-

-

+

Type
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1.2.2 Predisposing Factors
Although C. perfringens is the causative agent of NE, there are thought to be many
predisposing factors that are essential for the occurrence of NE, such as coccidiosis,
stress, immunosuppression, nutrition, and diet (M’Sadeq et al., 2015). These factors
alter the GI tract and create a favourable environment for C. perfringens overproliferation (M’Sadeq et al., 2015).
1.2.2.1 Coccidiosis
Coccidiosis is an enteric disease in poultry caused by several species of Eimeria,
leading to intestinal damage and subsequent NE (Rodgers et al., 2015). As a result
of intestinal damage by Eimeria, plasma proteins leak into the GI tract and create a
favourable environment for C. perfringens by providing numerous amino acids,
growth factors and vitamins that are required for C. perfringens growth. This allows
for the over-proliferation of C. perfringens and therefore an increase in toxin
production (Van Immerseel et al., 2004). Other research has suggested that
coccidiosis causes a host mucogenic response that creates a favourable environment
for C. perfringens proliferation (Collier et al., 2008)
1.2.2.2 Stress and Immunosuppression
Although low population levels of C. perfringens in the GI tract are non-pathogenic,
stressful conditions such as a change in feeding plans, can alter the GI environment
to such a degree that favours the living conditions of C. perfringens and subsequently
increase the risk of NE (Tech, 1999; McDevitt et al., 2006). Also, immunosuppressive
agents, such as Gumboro disease and Marek’s disease, are commonly thought to
negatively impact gut infections and increase the severity of NE (Lee et al., 2011;
Timbermont et al., 2011).
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1.2.2.3 Nutritional Factors and Diet
It is widely recognised that diet can alter the GI microbiome enough to create a
favourable environment for C. perfringens, causing over-proliferation and increased
risk of NE (Drew et al., 2004). In particular, diets containing high levels of non-starch
polysaccharides or high protein levels are thought to cause an increased risk of NE
in poultry (Annett et al., 2002; Kocher et al., 2003). Other anti-nutritional factors are
also thought to predispose poultry to NE, such as lectins, tannins, and trypsin
inhibitors (Pusztai and Bardocz, 1996; Clarke and Wiseman, 2005; McDevitt et al.,
2006; M’Sadeq et al., 2015).
1.3 The Gastrointestinal Tract of Poultry
The GI tract of poultry harbours a complex microbiome that has a crucial role in the
development of the immune system, digestion and nutrient absorption, and the
exclusion of pathogens (Pan and Yu, 2014; Shang et al., 2018). Symbiosis between
the GI microbiota and the host is believed to be vital for poultry health (Shang et al.,
2018). Research has suggested that diet has a significant impact on the GI
microbiome in terms of absorption and the growth of intestinal bacteria (Pan and Yu,
2014), indicating that feed additives can be used as a method to alter the gut
microbiome to reduce enteric pathogens, and in turn, improve livestock production.
The poultry GI tract consists of the oesophagus, crop, proventriculus, gizzard, small
intestine (duodenum, jejunum, and ileum), ceca and the cloaca (see Figure 1.1)
(Clavijo and Florez, 2017; Pan and Yu, 2014). The GI tract of poultry is significantly
shorter in relation to host body size than that of the mammalian GI tract and as a
result, has a different microbiome whereby bacteria are selected based on their ability
to grow quickly and adhere to the intestinal mucosa due to a shorter retention time
estimated at around 3.5 hours in total (Hughes, 2008; Pan and Yu, 2014). Acidity
levels of the GI tract are thought to peak in the stomach (proventriculus and gizzard)
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and have been found to reach an acidity level of pH 1.2 in the gizzard (Lee et al.,
2017) with peak bile salt concentrations of around 7 mg mL-1 in the jejunum (Lin et
al., 2003) and an average internal temperature of between 40.6°C and 41.7°C
(Borges et al., 2003).

Figure 1.1 Illustration of a poultry GI tract including the oesophagus, crop, proventriculus, gizzard,
small intestine, duodenum, jejunum, ileum, ceca and cloaca (Clavijo and Florez, 2017). Figure drawn
on GoodNotes, UK.

1.3.1 The Small Intestine
The small intestine is where feed additives would undergo digestion and nutrient
absorption, highlighting its importance when researching potential probiotics. The
inner surface of the small intestine consists of a mucous layer commonly referred to
as the intestinal mucosa, formed from mucin glycoprotein secreted by goblet cells
(Allen et al., 1982; Forstner and Forstner, 1994). The intestinal mucosa is made up of
two layers; an outer loosely-adherent layer whereby bacterial colonisation can take
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place and an inner adherent layer that acts as a physical barrier, protecting the
intestinal epithelium from microorganisms in the GI tract (Atuma et al., 2001;
Phillipson et al., 2008; Hansson and Johansson, 2010).
1.4 Antimicrobial Growth Promoters
Antibiotics are commonly used to treat diseases in veterinary and human medicine
and in the past have also been used as antimicrobial growth promoters (AGPs)
whereby they were given to livestock in subtherapeutic doses to improve growth
performance and control the prevalence of disease (Marshall and Levy, 2011). Moore
and Evenson (1946) were first to report that AGPs had a positive impact on growth
performance in poultry, whereby birds that were fed streptomycin showed increased
growth performance. Research supported these findings in livestock (Jukes et al.,
1950; Rusoff, Davis and Alford, 1951) and since then, the use of AGPs to improve
livestock production became common practice. However, due to the rise of antibiotic
resistance in bacterial species caused by genetic mutations and gene transfer, as
well as increased antibiotic residues in the environment (Butaye, Devriese and
Haesebrouck, 2003; AlGburi et al., 2016; Manyi-Loh et al., 2018), the use of all AGPs
was banned in the European Union (EU) as of 2006 (feed additives regulation
1831/2003/EC) (Caly et al., 2015).
The ban on AGPs has led to increased prevalence of diseases, such as NE in poultry,
that have a hugely negative economic impact (Van Immerseel et al., 2009). This has
meant that alternative methods are required to improve livestock production (Caly et
al., 2015). Some examples of alternative methods that are currently being researched
include prebiotics, symbiotics, bacteriophages and probiotics (Gadde et al., 2017).
The use of probiotics to improve livestock production is thought to be a promising
alternative to AGPs (Huyghebaert, Ducatelle and Immerseel, 2011; Ahmed et al.,
2014; Lei et al., 2015). A variety of bacteria, including multiple species of Bacillus,
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Bifidobacterium, Enterococcus, Lactobacillus and Streptococcus have previously
been researched and are currently used as probiotics in animal feed (Seo et al., 2010;
Wideman et al., 2012; Landy and Kavyani, 2013; Zhao et al., 2013; Rahman et al.,
2014; FAO, 2016).
1.5 Probiotics
Lilly and Stillwell (1965) first used the term “probiotic” to describe growth promoting
factors produced by microorganisms that had a beneficial effect on the growth of
another microorganism. Since then, many definitions have been suggested, for
example Fuller (1989) defined probiotics as “a live microbial feed supplement which
beneficially affects the host animal by improving its intestinal microbial balance”.
Currently, the most widely accepted definition was suggested by The Food and
Agricultural Organisation of the United Nations (FAO) and the World Health
Organisation (WHO) (2002) as “live microorganisms that, when administered in
adequate amounts, confer a health benefit on the host”.
1.5.1 Classification
According to FAO (2016), probiotics are classified based on four factors. Firstly, there
are both bacterial (such as Bacillus, Bifidobacterium, Enterococcus, Lactobacillus and
Streptococcus spp.) and non-bacterial probiotics (FAO, 2016). Non-bacterial (yeast
and fungal) probiotics include some species of the genera Candida, Aspergillus and
Saccharomyces (Daşkiran et al., 2012; Rahman et al., 2014; FAO, 2016). Secondly,
probiotics are either non-spore forming, such as Lactobacillus and Bifidobacterium
spp. (FAO, 2016) or spore-forming, such as Bacillus spp. (Hong, Hong Duc and
Cutting, 2005). Thirdly, probiotics are either multi-species, for example PoultryStar
ME (Giannenas et al., 2012; FAO, 2016) or single-species, for example Anta Pro EF
(Abdel-Raheem, Abd-Allah and Hassanein, 2012; FAO, 2016). Finally, there are both
allochthonous probiotics and autochthonous probiotics (FAO, 2016). Allochthonous

8

probiotics refer to probiotic microorganisms that are not usually present in the GI tract
of animals, and autochthonous probiotics refer to those that are indigenous in the GI
tract of animals (FAO, 2016).
1.5.2 Selection of Probiotics
Microorganisms are selected as probiotics based on numerous factors. Firstly, the
probiotic must be non-pathogenic and non-toxic (Fuller, 1989). The haemolytic activity
and antibiotic sensitivity of potential probiotics are commonly assessed for safety
purposes (AlGburi et al., 2016). Haemolytic activity is carried out to determine
toxigenic potential as the production of the haemolysin enzyme is a virulence factor
of pathogenic microorganisms (AlGburi et al., 2016). Antibiotic sensitivity determines
tolerance or sensitivity to commonly prescribed antibiotics (AlGburi et al., 2016). This
is important due to antibiotic resistance-genes in probiotics potentially being
transferable to other microbiota, leading to antibiotic-resistant strains of bacteria
(AlGburi et al., 2016). The possibility of antibiotic resistant gene-transfer depends on
if the gene was acquired through transformation, transposition, or conjugation
(horizontal gene transfer) (Gueimonde et al., 2013; Reygaert, 2018). Horizontal gene
transfer is considered the most likely route of acquirement (Gueimonde et al., 2013).
Bacteria can also have a natural resistance to antibiotics which can either be intrinsic
(whereby resistance is expressed in a particular species) or induced (whereby the
genes naturally occur but are only expressed once exposed to the antibiotic)
(Reygaert, 2018). The survival and growth of probiotics through the GI tract is also an
important factor in its ability to have a beneficial effect on the host (FAO, 2016). This
has been investigated by exposing potential probiotics to pH and bile salt stresses
that mimic the GI tract (AlGburi et al., 2016).
The potential probiotic must possess the ability to adhere to the intestinal epithelium
in order to colonise the intestine (FAO, 2016). This has been carried out through a
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variety of techniques that investigate aggregation properties, cell surface
hydrophobicity (Del Re et al., 2000), and cell adhesion capabilities (Klingberg et al.,
2005). Aggregation can be determined through assessing auto-aggregation and coaggregation abilities (Kos et al., 2003), both of which are considered important
probiotic traits. Auto-aggregation is the process whereby bacteria of the same type
bind to one another (Trunk, Khalil and Leo, 2018) and is considered one of the first
steps of biofilm formation (Sorroche et al., 2012; Kragh et al., 2016). Auto-aggregation
is thought to be crucial for intestinal cell adhesion by preventing them from being
removed from the intestinal environment and as a result, giving them an advantage
over other organisms (Kos et al., 2003; AlGburi et al., 2016). Co-aggregation is the
process whereby genetically distinct bacteria adhere to one another and bacteria that
possess this trait can form a barrier to prevent pathogenic microorganisms from
colonising the intestine (Del Re et al., 2000; Kos et al., 2003; Ledder et al., 2008). Coaggregated organisms are also thought to be less easy to remove from the intestinal
environment (Collado, Meriluoto and Salminen, 2008). Probiotic-pathogen coaggregation can inhibit the proliferation of pathogens, for example in the GI tract, due
to the production of probiotic antimicrobial substances in close vicinity to the pathogen
(Reid et al., 1988; Manhar et al., 2016). Cell surface hydrophobicity and other
physicochemical properties of the cell surface are thought to affect auto-aggregation
and cell adhesion abilities and therefore, hydrophilicity is also considered an important
probiotic trait (Del Re et al., 2000; Kos et al., 2003).
Other important factors to be considered include the maintenance of viability
throughout manufacturing processes and the ability to grow on inexpensive media
(Collins, Thornton, and Sullivan, 1998). To maintain viability during manufacturing
processes, species from the genus Bacillus are being investigated and used as
probiotics more frequently due to their ability to produce spores that are resistant to
heat, desiccation, and UV radiation (Nicholson et al., 2000; Cutting, 2011).

10

1.5.3 Modes of Action
Probiotics can establish a state of eubiosis by colonising the GI tract and subsequently
increasing the population of beneficial microbes (Sherman, 2009). Probiotics achieve
these health benefits through a variety of mechanisms including competition for
resources,

antimicrobial

activity,

enhancement

of

barrier

function,

and

immunomodulation (La Ragione and Woodward, 2003; Ng et al., 2009).
1.5.3.1 Competitive Exclusion
Competitive exclusion (CE) refers to the concept that one species will outcompete
and displace the other species if they are in competition for critical resources, on the
basis that “complete competitors cannot coexist” (Hardin, 1960). In poultry,
competitive exclusion involving the intestinal microflora and invading pathogens is
also referred to as the ‘Nurmi concept’ (Pivnick and Nurmi, 1982). Probiotic CE
involves physically blocking intestinal receptors to prevent pathogenic bacteria from
colonising the intestinal mucosa (Chichlowski et al., 2007) and competing for nutrients
to prevent the over-proliferation of pathogenic bacteria (Markowiak and Ślizewska,
2017). Research has suggested that probiotics can be used as CE agents to control
enteric diseases in poultry caused by C. perfringens (La Ragione and Woodward,
2003).
1.5.3.2 Inhibitory and Antimicrobial Activity
Probiotics can produce antimicrobial substances such as bacteriocins, hydrogen
peroxide and organic acids (Commane et al., 2005; Markowiak and Ślizewska, 2017).
Probiotics that produce lactic acid, such as Lactobacillus and Bifidobacterium spp.
(Commane et al., 2005), are commonly referred to as probiotic ‘lactic acid bacteria’
(LAB). They can produce short chain fatty acids (SCFAs), such as lactic acids and
other organic acids, and are thought to inhibit colonisation of pathogenic
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microorganisms by reducing luminal pH (Commane et al., 2005; Ng et al., 2009). It is
thought that this increase in GI acidity can cause undesirable growth conditions for
pathogenic microorganisms (Chichlowski et al., 2007), as well as inhibit their
production of antimicrobial substances and adherence to the GI tract (Ng et al., 2009).
Also, SCFAs are thought to regulate the proliferation of epithelial cells to prevent
disease and have been shown to be effective against NE infections (Adhikari et al.,
2019; Kumar et al., 2021).
Bacteriocins are antimicrobial peptides produced by both Gram-positive and Gramnegative bacteria, that can inhibit closely related competitors, with one of their main
benefits being their highly specific antimicrobial activity (Caly et al., 2015; Rooney et
al., 2021). This means they can be used to prevent specific infections without altering
the commensal GI tract flora (Caly et al., 2015). Bacteriocins produced by Gramnegative bacteria are commonly classified according to their size, as either lowmolecular-weight bacteriocins (LMWB) called microcins (1kDa-10kDa) or highmolecular-weight bacteriocins (HMWB) called colicins (30kDa-80kDa) (Ramu et al.,
2017). Although bacteriocins produced by Gram-positive bacteria can also be
classified as either LMWB or HMWB (also known as class III bacteriocins), they are
generally classified based on their mode of action, structure, genetics, mode of
secretion and choice of target organisms (Markowiak and Ślizewska, 2017; Ramu et
al., 2017). Gram-positive LMWB are classified into three groups: class I (lantibiotics),
class II (heat stable non-lantibiotics), and class IV (cyclic antimicrobial peptides) (Nes,
Yoon and Diep, 2007; Maqueda et al., 2008). Class I bacteriocins are referred to as
lantibiotics and are post-translationally modified peptides that contain unusual amino
acids for example dehydroalanine, dehydrobutyrine, lathionine and methyllanthionine
residues (Klaenhammer, 1993; Draper et al., 2015). They are smaller than 5kDa and
are most active against other Gram-positive bacteria (Klaenhammer, 1993; Draper et
al., 2015). Class I bacteriocins are further classified into three groups: linear (Ia),
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globular (Ib) and multi-component (Ic) (Ramu et al., 2017). Class II bacteriocins are
referred to as non-lantibiotics and are heat-stable, unmodified peptides that do not
contain unusual amino acids and therefore they do not undergo post-translational
modifications (Ramu et al., 2017). Class II bacteriocins can be further classified as
pediocin-like (IIa), miscellaneous (IIb) and multicomponent (IIc) (Ramu et al., 2017)
and are less than 10kDa (Alvarez-Sieiro et al., 2016). Class III bacteriocins have a
larger molecular weight at over 30kDa and are heat-labile (Yang et al., 2014) and can
be further classified as bacteriolytic (IIIa) and non-lytic (IIIb) (Ramu et al., 2017).
Finally, class IV bacteriocins are complex proteins containing carbohydrate or lipid
moieties (Rea et al., 2011). Class I and class II bacteriocins are considered most
important in terms of probiotic research (Gillor, Etzion and Riley, 2008).
Bacteriocins can function as colonising peptides by blocking other organisms from
adhering to epithelial cells and prevent epithelial damage (Riley and Wertz, 2002;
Dobson et al., 2012). They can also function as antimicrobial peptides by directly
inhibiting other microorganisms of the same or different species and as signalling
peptides by using quorum sensing to signal other bacteria or signalling immune
system cells (Majeed et al., 2011; Dobson et al., 2012). As a result of these properties,
the use of bacteriocin-producing probiotics as feed additives in poultry could provide
a promising and safer alternative to AGPs to combat NE.
1.5.3.3 Enhancement of Barrier Function
Dysbiosis in the GI tract of poultry can lead to enteric diseases such as NE, that cause
disruption of the epithelial barrier function (Rigottier-Gois, 2013; Moore, 2016; Latorre
et al., 2018). As previously mentioned, the small intestine has a mucous layer that is
secreted by goblet cells, commonly referred to as the intestinal mucosa (Allen et al.,
1982; Forstner and Forstner, 1994; Turner, 2009). The intestinal mucosa is lined with
epithelial cells that are joined together by tight junctions, forming a barrier that protects
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the intestinal lumen from microorganisms (Chichlowski et al., 2007). Regulation of the
intestinal barrier function is thought to be controlled by numerous systems including
the secretion of mucus and the binding of epithelial cells by tight junction proteins (Ng
et al., 2009). Although probiotic mechanisms of action to enhance barrier function are
not fully understood, some probiotics are thought to enhance the intestinal barrier
function by influencing mucosal cell-to-cell interactions and cellular stability, allowing
for an increase in intestinal mucus production and goblet cells, as well as positively
influencing the cytoskeleton of tight junctions (Chichlowski et al., 2007; Ng et al.,
2009).
1.5.3.4 Immunomodulation
The first instance of colonisation in the intestine and the maintenance of a healthy
microbiome are crucial for normal immune development, including the regulation of
GI inflammatory responses and oral tolerance (Tang, 2009). Both probiotics and
commensal bacteria interact with the GI lymphoid tissue via the GI epithelium and
dendritic cells, which have a key role in immune response and immune tolerance
(Tang, 2009). As a result, they can manipulate an immune response by modulating
dendritic cells and T-regulatory cell activity (Tang, 2009).
1.6 Bacillus spp. as Probiotics
Bacillus spp. are spore-forming, aerobic or facultatively anaerobic, Gram-positive
bacteria that are commonly found in soil and can produce enzymes, antibiotics,
antimicrobial compounds, and other metabolites, making them advantageous in
multiple medical, pharmaceutical, agricultural and industrial processes (Turnbull,
1996; Elshaghabee et al., 2017). Bacillus spp. can produce one endospore per cell
and these endospores are resistant to heat, cold, radiation, desiccation, and
disinfectants (Turnbull, 1996).
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Bacillus spp. are generally thought to be allochthonous and have a complex behaviour
in the GI tract (Elshaghabee et al., 2017), making their efficacy as a probiotic an
important area of research. For this reason, their ability to colonise the GI tract has
been questioned (Hong, Hong Duc and Cutting, 2005), however, research has
suggested that Bacillus spp. are able to colonise the small intestine (Casula and
Cutting, 2002; Ghelardi et al., 2015). Although Bacillus spp. are not as readily
researched as LAB for probiotic use, they do have advantages over LAB
(Elshaghabee et al., 2017) such as possessing a relatively high acid and heat
tolerance (Bader, Albin and Stahl, 2012; Elshaghabee et al., 2017). Bacillus spp. have
also been found to have antioxidant, antimicrobial and immunomodulatory properties
(Lefevre et al., 2015; Shobharani, Prakash and Halami, 2015; Ripert et al., 2016).
Bacillus spp. have been found in faeces and ileal biopsies of healthy humans (Fakhry
et al., 2008). These findings have led to the hypothesis that Bacillus spp. have been
able to adapt to the stresses of the human GI tract by forming biofilms, being able to
sporulate anaerobically and producing antimicrobials and therefore should be
considered as gut commensals as well as soil microorganisms (Hong et al., 2009).
Bacillus spp. has been suggested to prevent conditions involving physiological
impairment (Zhang et al., 2016) and support the proliferation of beneficial
microorganisms in the GI tract (Lee et al., 2016). Although some species of Bacillus
are considered harmful, such as Bacillus anthracis and Bacillus cereus (Fan et al.,
2017), there are multiple species that have previously been researched as probiotics
in animal feed including Bacillus amyloliquefaciens, Bacillus coagulans, Bacillus
licheniformis and B. subtilis (Turnbull, 1996; Hung et al., 2012; Rahman et al., 2014;
Lei et al., 2015).
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1.6.1 Bacillus subtilis
B. subtilis is one of the most characterised species of bacteria, generally considered
the Gram-positive model organism (Härtig and Jahn, 2012; Martinez, 2013) and is
commonly used in the production of food (including feed additives) due to its enzyme
production abilities (Martinez, 2013). Species of the B. subtilis group are closely
related, making them difficult to distinguish from one another (Fritze, 2004). The B.
subtilis species complex has been classified to four groups by phylogenomics:
‘amyloliquefaciens’, ‘licheniformis’, ‘pumilus’ and ‘subtilis’ (see Figure 1.2) (Fan et al.,
2017). The ‘subtilis’ group can then be further classified into seven Bacillus species:
B. atrophaeus, B. mojavensis, B. subtilis subsp. inaquosorum, B. subtilis subsp.
spizizenii, B. tequilensis, B. vallismortis and B. subtilis subsp. subtilis (see Figure 1.2)
(Fan et al., 2017).

Figure 1.2 A simplified phylogeny tree of the B. subtilis species complex based on core genomes of
type strains B. subtilis subsp. subtilis 168, B. amyloliquefaciens DSM7, B. licheniformis DSM13 and B.
pumilus SAFR032 (Fan et al., 2017). Figure includes bootstrap values of 200 (100%) and a scale bar
corresponding to 0.1 substitutions per site. Figure drawn on GoodNotes, UK.
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As B. subtilis is primarily found in soil, it has been forced to adapt to continuously
changing environmental conditions including oxygen deprivation (Härtig and Jahn,
2012). As a result, it has developed alternative strategies for growth in anaerobic
conditions whereby access to oxygen determines the mode of energy generation,
allowing it to switch from oxygen respiration to nitrogen respiration (Härtig and Jahn,
2012). B. subtilis also has a competitive advantage in harsh environments such as
soil where nutrient deprivation is common, due to its production of highly resistant
endospores (Härtig and Jahn, 2012). Its ability to withstand harsh environments,
including oxygen and nutrient deprived conditions, further strengthens its ability to
survive in the GI tract as a probiotic.
B. subtilis can form biofilms which provide protection against environmental stresses
(Lemon et al., 2008). Bacterial biofilms are communities of microorganisms in a selfproduced extracellular matrix (Vlamakis et al., 2013) consisting of polysaccharides,
proteins, and nucleic acids (Branda et al., 2005) and vary massively between bacterial
species and under different environmental conditions (Lemon et al., 2008). Biofilm
formation is an almost universal trait amongst bacteria (Hall-Stoodley, Costerton and
Stoodley, 2004) and was initially researched predominantly in pathogenic Gramnegative bacteria due to its clinical relevance (Vlamakis et al., 2013). B. subtilis has
since been studied as the non-pathogenic and Gram-positive model organism for the
molecular basis of biofilm formation (Vlamakis et al., 2013). B. subtilis biofilm
formation can occur on colonies at the air-agar interface, floating on liquid at the airliquid interface (also known as pellicles), and at the liquid-solid interface as
submerged, surface-adhered biofilms (Vlamakis et al., 2013).
B. subtilis can produce antimicrobial factors (Teo and Tan, 2005) and has been shown
to improve nutrient digestion and absorption, improve growth performance, and
positively influence the intestinal microflora (Thomke and Elwinger, 1998; Hosoi et al.,
2000; Jeong and Kim, 2014). B. subtilis has also been found to reduce C. perfringens,
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the causative agent of NE (Teo and Tan, 2005; Keyburn et al., 2010; Jayaraman et
al., 2013; Tactacan et al., 2013), and has been demonstrated as a successful
probiotic in poultry (Jeong and Kim, 2014). As previously mentioned, some probiotic
species, including B. subtilis, can produce bacteriocins as a mechanism of action
against pathogenic bacteria (Ng et al., 2009; Abriouel et al., 2011). For example,
subtilin (a linear lantibiotic) is a well-characterised Class I bacteriocin produced by B.
subtilis (Klein et al., 1992; Abriouel et al., 2011).
1.7 Aims and Objectives
The main aim of this project is to identify isolates of B. subtilis subsp. subtilis that have
antagonistic properties against C. perfringens. The isolates will also be investigated
to ensure they are able to survive through the poultry GI tract, be susceptible to
relevant antibiotics and have good aggregation abilities to determine their suitability
as a probiotic to combat NE in poultry.
Objectives:
•

Isolate and characterise soil-derived B. subtilis subsp. subtilis.

•

Explore the antagonistic ability of B. subtilis subsp. subtilis isolates against
C. perfringens.

•

Investigate the stability of B. subtilis subsp. subtilis when subjected to
external stresses relevant to the GI tract of poultry.

•

Explore the antagonistic ability of B. subtilis subsp. subtilis isolates against
C. perfringens when subjected to external stresses relevant to the GI tract of
poultry.

•

Assess the antibiotic sensitivity of B. subtilis subsp. subtilis isolates.

•

Assess the cell adhesion properties of B. subtilis subsp. subtilis isolates.
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2 Methods
2.1 Media and Equipment
All consumables were obtained from Fisher Scientific, UK unless stated otherwise. All
microbiological growth medias (see Table 2.1) were obtained from Oxoid, UK unless
stated otherwise. All bacterial incubation used a Heratherm Incubator (Thermo
Fisher) under non-shaking conditions and an Orbital Shaker Incubator ES-20 (Grantbio) under shaking conditions, unless stated otherwise.
Table 2.1 Media used in this study, including the concentration (L-1) at which it was used.

Media

Concentration (L-1)

Brain-Heart infusion (BHI)

37g

Mueller-Hinton (MH)

21g

de Man, Rogosa and Sharpe (MRS)

52g

Nutrient broth (NB)

13g

Peptone

1g

Phosphate-buffered saline (PBS)

10 tablets

¼ strength Ringer’s solution

2 tablets

Thioglycollate broth (FTG)

29g

Tryptone soya agar (TSA)

40g

Tryptone soya broth (TSB)

30g

2.2 Sterilisation
Prepared media and autoclavable equipment were sterilised at 121°C for 15 minutes
prior to use. Post-sterilisation, liquid media was stored at room temperature and used
within one month. Molten solid media was stored at 55°C in an incubator for no longer
than 24 hours and cooled to approximately 45°C before being poured into sterile
90mm petri-dishes and allowed to solidify at room temperature for one hour. Agar
plates were stored at 4°C in a refrigerator and were used within one week of being
prepared. All experimental work was performed under standard aseptic conditions.
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2.3 Isolate Acquisition
All isolates (see Table 2.2) of B. subtilis subsp. subtilis used in this study were sourced
from soil samples collected in Lincolnshire, UK. Soil samples were collected at
random in 30mL plastic universals from the surface of the ground using a sterile micro
spoon. Soil (1g) from each sample was transferred into a sterile 30mL plastic
universal containing 10mL of sterile peptone and homogenised. Each soil suspension
was streak-plated onto TSA and incubated overnight at 37ºC, aerobically. Isolates
were purified by successive subculturing using TSA plates based on colony
morphology.
Table 2.2 B. subtilis subsp. subtilis strains isolated from soil samples collected in various locations of
Lincoln, UK. Table includes general coordinates of collection site.

Isolate

Location Collected

Coordinates

BS003

Arboretum

53.231613, -0.526079

BS006

Arboretum

53.231613, -0.526079

BS007

Arboretum

53.231613, -0.526079

BS013

Boultham Park

53.208937, -0.559531

BS015

Foss Dyke Canal

53.235579, -0.570842

BS016

Foss Dyke Canal

53.235579, -0.570842

BS017

Foss Dyke Canal

53.235579, -0.570842

BS018

Foss Dyke Canal

53.235579, -0.570842

BS019

Foss Dyke Canal

53.235579, -0.570842

BS023

Hartsholme Park

53.213884, -0.585545

BS026

Foss Dyke Canal

53.235579, -0.570842

BS027

Foss Dyke Canal

53.235579, -0.570842

BS028

Foss Dyke Canal

53.235579, -0.570842

BS029

Foss Dyke Canal

53.235579, -0.570842

BS030

Foss Dyke Canal

53.235579, -0.570842

BS031

Foss Dyke Canal

53.235579, -0.570842

BS032

Arboretum

53.231613, -0.526079

BS033

Boultham Park

53.208937, -0.559531
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All isolates of C. perfringens (see Table 2.3) used in this study were sourced from the
industrial sponsors repository (Arden Biotechnology, UK). All growth kinetic data and
toxin typing for these isolates (see Table 2.3) were provided by the industrial
sponsors.
Table 2.3 Isolates of C. perfringens used in this study. Table includes isolate source and toxin type.

Isolate

Source

Toxin Type

ATCC 13124

Human appendiceal abscess (Veillon and Zuber, 1898)

A

CP3054

Neonatal infant faeces

A

CP3141

Neonatal infant faeces

A

CP5017

Chicken breast

A

CP5019

Chicken breast

A

CR36

Broiler necropsy

A

I089.3.1

Broiler necropsy (suspected NE)

G

I113.1

Broiler necropsy (suspected NE)

G

J076.6.3

Broiler necropsy (suspected NE)

A

JBCNJ55

Broiler necropsy (suspected NE)

A

EBFR2

Soil from a free-range chicken farm

A

Q143.CN7

Neonatal infant faeces

A

2.4 Culture Maintenance
Cultures of B. subtilis subsp. subtilis and C. perfringens were cryogenically stored in
1mL aliquots of 70% BHI broth and 30% Glycerol (v/v) at -80ºC. For experimental
use, isolates were cultured on TSA or BHI agar and using TSB or FTG broth.
2.5 Isolate Confirmation
The confirmation of B. subtilis subsp. subtilis was achieved through end-point
polymerase chain reaction (PCR) using the oligonucleotide primers listed in Table
2.4. B. subtilis subsp. subtilis reference strain ATCC 6051 was used as a positive
control DNA and B. amyloliquefaciens subsp. amyloliquefaciens reference strain
ATCC 23350 and B. licheniformis reference strain ATCC 14580 were used as no
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template controls. Bacterial DNA was replaced with sterile ddH 2O for a negative
control.
2.5.1 DNA Extraction
Sterile ddH2O (50µL) was transferred into 1.5mL microcentrifuge tubes and inoculated
with a single colony of the respective bacterial isolate. The samples were heated at
95ºC for ten minutes using a dry bath (Isotemp) and subsequently centrifuged at
21694 x g for ten minutes (Heraus Megafuge 8).
2.5.2 Polymerase Chain Reaction
Reaction mix (25µL) was prepared for each isolate, consisting of 10.5µL ddH 2O,
12.5µL 2x DreamTaq Green Mastermix (DreamTaq DNA Polymerase, 2X DreamTaq
Green buffer, dNTPs and 4mM MgCl2) (ThermoFisher, UK), 0.5µL of forward primer
(10mM) (see Table 2.4), 0.5µL of reverse primer (10mM) (see Table 2.4) and 1µL
DNA template into 0.8mL microcentrifuge tubes. The samples were cycled using a
SimpliAmp Thermal Cycler (ThermoFisher, UK) under the conditions listed in Table
2.5.
Table 2.4 Oligonucleotide primer sequences for the identification of B. subtilis subsp. subtilis isolates.
Table includes the gene, product, and source.

Gene

Sequence (5’ to 3’)

Product

Reference

LysR family

F: GGCCTATTGAACACCCTGATTTA

310 bp

Cho et al.

transcriptional regulator

R: CGGATGCGGCCTTCTTTTTC

(2018)

Table 2.5 Polymerase Chain Reaction (PCR) conditions using LysR primers (see Table 2.4). Table
includes the stage, cycles, temperature, and duration of the PCR used in this study.

Stage

Cycles

Temperature (°C)

Duration

Initial Denaturation

1

95

1 minute

Denaturation

35

95

15 seconds

Annealing

35

67

30 seconds

Extension

35

72

30 seconds

Final Extension

1

72

7 minutes
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Each sample (10µL) was loaded into wells of a 1.5% agarose gel (1.5g agarose
(Fisherbrand, UK) and 100mL (w/v) tris-acetate-EDTA (TAE) buffer) alongside 5µL of
100bp DNA ladder (100µL 100bp ladder, 100µL 6X TriTrack and 400µL ddH 2O)
(Invitrogen, UK). Electrophoresis was conducted at 100V for one hour and
subsequently post-stained in ethidium bromide (10µL L-1 TAE buffer) for ten minutes.
The gel was visualised under UV light in a gel imager (Syngene, UK).
2.6 Biofilm Prevention
All B. subtilis subsp. subtilis isolates listed in Table 2.2 were streak-plated onto TSA
plates and incubated overnight at 37°C, aerobically. Sterile TSB (10mL) in 30mL glass
universals were inoculated with three colonies of each respective isolate and
incubated overnight at 37°C, aerobically.
Biofilm formation was assessed visually. The production of a biofilm was classified
when a film had formed on the air-broth interface when incubated under non-shaking
conditions or clusters of film had formed throughout the broth when incubated under
shaking conditions.
Biofilm formation of B. subtilis subsp. subtilis isolate BS023 was further assessed to
produce a biofilm prevention method. This isolate was selected based on its ability to
visually produce a large biofilm under the conditions stated above.
2.6.1 Media Comparison
B. subtilis subsp. subtilis isolate BS023 was streak-plated onto TSA plates and
incubated overnight at 37°C, aerobically. Sterile BHI, FTG, MH, MRS, NB, and TSB
broths were inoculated with three colonies of B. subtilis subsp. subtilis isolate BS023,
in both 5mL and 10mL denominations in 30mL glass universals. The broths were
incubated at 37°C, aerobically, both shaking (100rpm) and non-shaking.
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2.6.2 Incubation and Oxygen Availability
B. subtilis subsp. subtilis isolate BS023 was streak-plated onto TSA and incubated
overnight at 37°C, aerobically. Sterile TSB was inoculated with three colonies of
isolate BS023 under a variety of conditions (listed in Table 2.6) and incubated
overnight, aerobically.
Table 2.6 Incubation and oxygen availability used to assess biofilm formation of B. subtilis subsp. subtilis
isolate BS023.

Container

Broth (mL)

Temperature (°C)

Agitation (rpm)

30mL glass universals

5

10

30

37

55

0

100

180

30mL plastic universal

5

10

30

37

55

0

100

180

100mL glass media bottle

10

20

30

37

55

0

100

180

2.6.3 pH
Prior to sterilisation (see 2.2 Sterilisation), TSB was made at eight pH levels (pH 2 to
pH 9). The pH levels of the broths were monitored using a pH probe (Accumet AE150)
by adding hydrochloric acid to increase acidity and sodium hydroxide to increase
alkalinity until the desired pH level was achieved. B. subtilis subsp. subtilis isolate
BS023 was streak-plated onto TSA plates and incubated overnight at 37°C,
aerobically. Sterile pH-adjusted TSB (20mL) in a 100mL glass media bottle was
inoculated with three colonies of isolate BS023 and incubated for 4-6 hours at 30°C,
aerobically and shaking (180rpm).
2.6.4 Nutrient Availability
Prior to sterilisation (see 2.2 Sterilisation), TSB was made at four concentrations (50%
(15g L-1), 100% (30g L-1), 150% (45g L-1), and 200% (60g L-1)). B. subtilis subsp.
subtilis isolate BS023 was streak-plated onto TSA and incubated overnight at 37°C,
aerobically. Sterile TSB (20mL) at each concentration listed above, was placed into a
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100mL glass media bottle and inoculated with three colonies of BS023. Cultures were
incubated for 4-6 hours at 30°C, aerobically and shaking (180rpm).

2.7 Broth Growth
2.7.1 Bacillus subtilis subsp. subtilis
B. subtilis subsp. subtilis isolates were streak-plated onto TSA and incubated
overnight at 37°C, aerobically. Sterile TSB (5mL) in a 30mL glass universal was
inoculated with three colonies of each respective isolate and incubated overnight at
30°C, aerobically and shaking (130rpm). Overnight culture (500µL) was transferred
to sterile TSB (5mL) in a 30mL glass universal and incubated for 4-6 hours at 30°C,
aerobically and shaking (180rpm).
2.7.2 Clostridium perfringens
C. perfringens isolates were streak-plated onto BHI agar and incubated overnight at
37°C, anaerobically (5% H2, 10% CO2 and 85% N2) (Whitley A45). Sterile FTG (10mL)
in a 30mL glass universal was inoculated with three colonies of each respective
isolate and incubated for 4-6 hours at 37°C, aerobically and shaking (100rpm).
2.8 Initial Antagonistic Plug Assay
Turbid cultures (see 2.7.1 Bacillus subtilis subsp. subtilis) of all B. subtilis subsp.
subtilis isolates listed in Table 2.2 and ATCC 6051 were added to molten TSA (45ºC)
with a ratio of 1:50. Each inoculated molten agar (1mL) was transferred into one well
of a 24-well plate for each isolate and incubated overnight at 37°C, aerobically.
Turbid cultures (see 2.7.2 Clostridium perfringens) of C. perfringens reference strain
ATCC 13124 were adjusted to an absorbance of 0.3 at 600nm (see 2.9.1 Adjustment)
and added to molten TSA (45ºC) with a ratio of 1:50. Molten inoculated agar (15mL)
was poured into sterile petri dishes.
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One plug of inoculated B. subtilis agar was taken for each isolate using the reverse
end of a sterile 1mL pipette tip. The plugs were placed onto agar inoculated with C.
perfringens isolate ATCC 13124. A negative control was included, whereby
uninoculated TSA plugs were placed onto agar inoculated with C. perfringens isolate
ATCC 13124. The plates were incubated overnight at 37ºC, anaerobically. This was
carried out as shown in Figure 2.1.
The antagonistic ability of an isolate was qualitatively determined by its ability to
create a zone of clearance around the B. subtilis-cultured plug. B. subtilis subsp.
subtilis isolates BS013 and BS023 were selected for future work based on their
antagonistic ability in this initial antagonistic screen.

Figure 2.1 Illustration of an antagonistic plug plate. Figure drawn on GoodNotes, UK.
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2.9 Culture Standardisation
2.9.1 Adjustment
An absorbance reading of the turbid culture was measured in a 96-well plate using a
microplate reader (BioTek 800TS) at 600nm. The cultures were adjusted to the
desired absorbance value using the formula:
Abs1V1 = Abs2V2
Abs1 = Absorbance
V1 = Volume of culture required
Abs2 = Desired absorbance
V2 = Desired volume
Equation 2.1 Adjustment value.

Isolates were not adjusted to McFarland standard.
2.9.2 Growth Kinetics
Turbid cultures (see 2.7.1 Bacillus subtilis subsp. subtilis) of B. subtilis subsp. subtilis
isolates ATCC 6051, BS013 and BS023 were adjusted to an absorbance of 0.01 at
600nm (see 2.9.1 Adjustment) to ensure cultures were not in the logarithmic phase.
A standard growth curve was prepared by adding 200µL of sterile TSB to the initial
well of a 96-well plate for use as a ‘blank’. A further nine wells were filled with 200µL
of the adjusted culture. The manufacturer supplied lid was discarded and replaced
with a sheet of optical adhesive film (Applied Biosystems, UK) and incubated at 30°C
within the microplate reader, set to take the absorbance at 600nm every ten minutes
for 12 hours.
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Growth curves were produced using Microsoft Excel, USA. The growth factor (µ) was
calculated from using log10 growth curves using the following formula:
2.304(𝑙𝑛𝐴𝑏𝑠 2 − 𝑙𝑛𝐴𝑏𝑠1 )
𝑇 2 − 𝑇1
𝑙𝑛 = Natural logarithm
𝐴𝑏𝑠1 = Absorbance 1
𝐴𝑏𝑠 2 = Absorbance 2
𝑇 1 = Time 1
𝑇 2 = Time 2
Equation 2.2 Growth factor.

The doubling time (Td), also known as the generation time (G), was calculated using
the following formula:
𝑙𝑛2
𝑁
𝑙𝑛 = Natural logarithm
𝑁 = Growth factor
Equation 2.3 Doubling time.

2.9.3 Colony-forming Units
Turbid cultures (see 2.7.1 Bacillus subtilis subsp. subtilis) of B. subtilis subsp. subtilis
isolates ATCC 6051, BS013 and BS023 were adjusted to an absorbance of 0.1, 0.3
and 0.5 at 600nm (see 2.9.1 Adjustment) using sterile TSB. The cultures were serially
diluted ten-fold in sterile PBS sequentially to 10 -8. The 10-5, 10-6 and 10-7 dilutions
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(100µL) were spread-plated onto TSA for absorbance values 0.1 600 and 0.3600. The
10-5, 10-6, 10-7 and 10-8 dilutions (100µL) were spread-plated onto TSA plates for
absorbance value 0.5600. The plates were incubated overnight at 37°C, aerobically
and counted the following day on a colony counter (SC6 Plus).
The colony-forming units (CFU) mL-1 was calculated using the following formula:
𝑁×𝐷
𝑉
𝑁 = Number of colonies counted
𝐷 = Dilution factor
𝑉 = Volume of culture added
Equation 2.4 Colony-forming units mL-1.

The experiment was repeated on three separate occasions.
2.10 Expanded Antagonistic Plug Assay
Turbid cultures (see 2.7.1 Bacillus subtilis subsp. subtilis) of B. subtilis subsp. subtilis
isolates ATCC 6051, BS013 and BS023 were adjusted to an absorbance of 0.3 at
600nm (see 2.9.1 Adjustment) and added to molten TSA (45ºC) with a ratio of 1:50.
The inoculated agar (15mL) was poured into a sterile petri dish and incubated
overnight at 37°C, aerobically.
Turbid cultures (see 2.7.2 Clostridium perfringens) of all C. perfringens isolates listed
in Table 2.3 were adjusted to an absorbance of 0.3 at 600nm (see 2.9.1 Adjustment)
and added to molten TSA (45ºC) with a ratio of 1:50. The inoculated agar (15mL) was
poured into sterile petri dishes. Post-overnight inoculation, three plugs of inoculated

29

B. subtilis agar were taken for each isolate using the reverse end of a sterile 1mL
pipette tip. A negative control was included, whereby uninoculated TSA plugs were
placed onto agar inoculated with the respective C. perfringens isolate. The plugs were
placed onto agar inoculated with C. perfringens and the plates were incubated
overnight at 37ºC, anaerobically. This was carried out as shown in Figure 2.1.
The experiment was repeated on three separate occasions. The antagonistic ability
of an isolate was determined as previously mentioned (see 2.8 Initial Antagonistic
Plug Assay) and zones of clearance were measured using a digital caliper. Bar charts
were produced using Microsoft Excel, USA.
2.11 Stability Testing
2.11.1 Cell Viability
Prior to sterilisation (see 2.2 Sterilisation), PBS was made at eight pH levels (pH 2 to
pH 9) as previously described (see 2.6.3 pH). In addition to this, PBS was made at
three bile salt concentrations (0.3% (3.6g L -1), 0.6% (7.2g L-1) and 0.9% (10.8g L-1))
with unadjusted pH.

Turbid cultures (see 2.7.1 Bacillus subtilis subsp. subtilis) of B. subtilis subsp. subtilis
isolates ATCC 6051, BS013 and BS023 were adjusted to an absorbance of 0.3 at
600nm (see 2.9.1 Adjustment) with sterile TSB in 1.5mL microcentrifuge tubes and
subsequently centrifuged at 3260 x g for ten minutes. Supernatant was removed from
each microcentrifuge tube and discarded. Pellets were resuspended in 1mL of sterile
pH-adjusted PBS, bile salt-adjusted PBS and unadjusted PBS. Microcentrifuge tubes
containing pH-adjusted PBS and bile salt-adjusted PBS were incubated for 180
minutes at 30°C, aerobically. Microcentrifuge tubes containing unadjusted PBS were
incubated for 180 minutes at 30°C, 37°C and 42°C, aerobically.
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Turbid cultures were serially diluted at 60, 120 and 180 minutes by transferring 100µL
of the culture into 900µL of sterile PBS sequentially to 10-7. Each dilution (100µL) was
spread-plated onto TSA. At 120 minutes of incubation, turbid cultures containing
media that had been adjusted to pH 2 were centrifuged at 3260 x g for ten minutes,
subsequently resuspended in 1mL of sterile TSB and spread-plated onto TSA. This
was carried out to determine the effect of nutrient availability. The plates were
incubated overnight at 37°C, aerobically and counted the following day on a colony
counter.

2.11.2 Stability Plug Assay
Prior to sterilisation (see 2.2 Sterilisation), TSB and PBS were made at two pH levels
(pH 2 and pH 9) as previously described (see 2.6.3 pH) and three bile salt
concentrations (0.3% (3.6g L-1), 0.6% (7.2g L-1) and 0.9% (10.8g L-1)).

Turbid cultures (see 2.7.1 Bacillus subtilis subsp. subtilis) of B. subtilis subsp. subtilis
isolates ATCC 6051, BS013 and BS023 were adjusted to an absorbance of 0.3 at
600nm (see 2.9.1 Adjustment) with sterile TSB in 1.5mL microcentrifuge tubes and
subsequently centrifuged at 3260 x g for ten minutes. Supernatant was removed from
each microcentrifuge tube and discarded. Pellets were resuspended in 1mL of sterile
pH-adjusted TSB and PBS, bile salt-adjusted TSB and PBS and unadjusted TSB and
PBS. Microcentrifuge tubes containing adjusted TSB and PBS were incubated for 120
minutes at 30°C, aerobically. Microcentrifuge tubes containing sterile unadjusted TSB
and PBS were incubated for 120 minutes at 30°C, 37°C and 42°C aerobically.
Cultures were added to TSA with a ratio of 1:50. The inoculated agar (15mL) was
poured into a sterile petri dish and incubated overnight at 37°C, aerobically.
The plug assay was carried out as previously described (see 2.10 Expanded
Antagonistic Plug Assay) with one isolate of C. perfringens (ATCC 13124). A negative
control was included, whereby uninoculated TSA plugs respective for each condition
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tested, were placed onto agar inoculated with C. perfringens isolate ATCC 13124.
This was carried out as shown in Figure 2.1.
The experiment was repeated on three separate occasions. The antagonistic ability
was measured as previously described (see 2.8 Initial Antagonistic Plug Assay) and
zones of clearance were measured using a digital caliper. Bar charts were produced
using Microsoft Excel, USA.
2.12 Antibiotic Sensitivity
All antibiotics used (see Table 2.7) were stored as a stock solution (0.1g 10mL -1 (w/v))
at -20°C. Stock solutions were disposed of after three freeze-thaw cycles or after three
months. Working solutions for all antibiotics used (see Table 2.7), were diluted to
concentrations of 256µg mL-1 with ddH2O and used within one hour.
Table 2.7 Antibiotics used to assess the antibiotic sensitivity of B. subtilis subsp. subtilis isolates ATCC
6051, BS013 and BS023. This table includes the manufacturer for each respective antibiotic.

Antibiotic

Manufacturer

Aztreonam

Acros Organics, UK

Bacitracin

Fisher BioReagents, UK

Ciprofloxacin hydrochloride hydrate

Acros Organics, UK

Erythromycin

Acros Organics, UK

Tetracycline hydrochloride

Apollo Scientific, UK

Vancomycin hydrochloride

Sigma Aldrich, UK

Turbid cultures (see 2.7.1 Bacillus subtilis subsp. subtilis) of B. subtilis subsp. subtilis
isolates ATCC 6051, BS013 and BS023 were adjusted to an absorbance of 0.05 at
600nm (see 2.9.1 Adjustment). Adjusted culture (50µL) and ddH 2O (50µL) was placed
into the initial well of a 96-well plate for use as a ‘positive control’. Antibiotic working
stock (50µL) and sterile TSB (50µL) was placed into the second well of the 96-well
plate for use as a ‘negative control’. The remaining wells were filled with 100µL of
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adjusted culture and 100µL of antibiotic (working stock) serially diluted from a
concentration of 256µL mL-1 to 0.25µL mL-1. The plate was incubated overnight at
37°C, aerobically.
The experiment was repeated three times per plate and on three separate occasions.
The minimum inhibitory concentration (MIC) was defined as the smallest amount of
compound required to completely inhibit the growth of bacteria.
2.13 Auto-aggregation and Co-aggregation
This method was carried out according to AlGburi et al. (2016) with some
modifications.
B. subtilis subsp. subtilis isolates ATCC 6051, BS013 and BS023 were streak-plated
onto TSA plates and incubated overnight at 37°C, aerobically. C. perfringens isolate
ATCC 13124 was streak-plated onto BHI agar and incubated overnight at 37°C,
anaerobically. Sterile TSB (5mL) in a 30mL glass universal was inoculated with three
colonies of each respective B. subtilis subsp. subtilis isolate and incubated for 18
hours at 30°C, aerobically and shaking (130rpm). Sterile FTG (10mL) in a 30mL glass
universal was inoculated with three colonies of C. perfringens isolate ATCC 13124
and incubated for 18 hours at 37°C, aerobically.
Each turbid culture (1mL) was measured into 1.5mL microcentrifuge tubes and
centrifuged at 3260 x g for 20 minutes and subsequently washed twice with sterile
PBS by centrifuging at 3260 x g for ten minutes. Each pellet was resuspended in 1mL
of sterile PBS and adjusted to an absorbance of 0.3 at 600nm (see 2.9.1 Adjustment)
with sterile PBS. In a 96 well plate, 200µL of sterile PBS was added to a 96-well plate
for use as a ‘blank’ and the following three wells were filled with 200µL of each
centrifuged culture. Three further wells were filled with 100µL of each respective
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centrifuged B. subtilis subsp. subtilis culture mixed with 100µL of C. perfringens
isolate ATCC 13124.
The absorbance of each culture was measured using a microplate reader at 600nm
(T0). The 96-well plate was incubated for five hours at 30ºC, undisturbed. The
absorbance of each culture was measured using a microplate reader set to take the
absorbance at 600nm after five hours of incubation (T5). The experiment was
repeated on three separate occasions.
The percentage auto-aggregation and co-aggregation was calculated according to
Kos et al. (2003). The percentage of auto-aggregation was calculated as follows:

𝐴5
(1 − ( )) × 100
𝐴0
𝐴5 = Absorbance at T5
𝐴0 = Absorbance at T0
Equation 2.5 Auto-aggregation (%)

The percentage of co-aggregation was calculated as follows:
(
(

(𝐴𝑥 + 𝐴𝑦)
) − 𝐴 (𝑥 + 𝑦)
2
) × 100
𝐴𝑥 + 𝐴𝑦
(
)
2

𝐴𝑥 = Absorbance of B. subtilis ‘control’ at T5
𝐴𝑦 = Absorbance of C. perfringens ‘control’ at T5
𝐴 (𝑥 + 𝑦) = Absorbance of mixed culture at T5
Equation 2.6 Co-aggregation (%)
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3 Results
3.1 Isolate Confirmation
Isolates (See Table 2.2) were confirmed as B. subtilis subsp. subtilis based on their
amplification at 310bp using oligonucleotide primers listed in Table 2.4. A 100bp
ladder was included (see Figure 3.1) whereby there is an amplicon every 100bp,
starting from 100bp up to 1000bp or 1 kilobase (kb) to determine product size. To test
the specificity of the primers, ATCC 6051 was included to act as a positive control,
ATCC 23350 and ATCC 14580 were included to act as a no template control and
sterile ddH2O was included for a negative control. The positive control DNA amplified
at 310bp, and all negative controls did not amplify. This method (see 2.5 Isolate
Confirmation) confirmed 18 B. subtilis subsp. subtilis isolates (see Table 2.2 and
Figure 3.1).
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Figure 3.1 Agarose (1.5%) gel electrophoresis for the confirmation of B. subtilis subsp. subtilis at
310bp using primers listed in Table 2.4. Lanes 1, 20, 21 and 26: 100bp ladder, Lane 2: ATCC 6051,
Lane 3: ATCC 23350, Lane 4: ATCC 14580, Lane 5: BS003, Lane 6: BS006, Lane 7: BS007, Lane 8:
BS013, Lane 9: BS015, Lane 10: BS016, Lane 11: BS017, Lane 12: BS018, Lane 13: BS019, Lane 14:
BS023, Lane 15: BS026, Lane 16: BS027, Lane 17: BS028, Lane 18: BS029, Lane 19: BS030, Lane
22: BS031, Lane 23: BS032, Lane 24: BS033, Lane 25: ddH 2O. This figure was annotated using
GoodNotes, UK.

3.2 Biofilm Prevention
Biofilm formation of B. subtilis subsp. subtilis did not allow for culture standardisation
in laboratory research, therefore a methodology to prevent B. subtilis biofilm formation
was necessary. Biofilm formation was qualitatively assessed on B. subtilis subsp.
subtilis isolate BS023 due to its formation of a visually large biofilm on the air-broth
interface under non-shaking conditions. This biofilm prevention attempt was carried
out to accurately standardise cultures in future experiments. All conditions tested
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(media type, incubation conditions, oxygen availability, pH, and nutrient availability)
(see 2.6 Biofilm Prevention) caused B. subtilis subsp. subtilis isolate BS023 to form a
biofilm. Conditions that visually prevented biofilm formation were having a broth-toair ratio of 1:6, an incubation temperature at 30°C and agitation at 180rpm. As a result,
these conditions were combined with the addition of a broth-to-broth inoculation in
5mL TSB and 30mL glass universals to provide a method to successfully prevent B.
subtilis subsp. subtilis isolates from forming a visual biofilm (see 2.7.1 Bacillus subtilis
subsp. subtilis). Altering the pH level visually affected the growth of the bacteria at pH
2 and pH 3, therefore these pH levels were deemed unusable for the growth of B.
subtilis subsp. subtilis isolates (see Table 2.2). Altering the pH level did not visually
influence biofilm formation from pH 4 to pH 9. Altering the media and nutrient
availability did not affect biofilm formation. Plastic universals were deemed unsuitable
as they visually increased biofilm formation compared to glass universals.
3.3 Initial Antagonistic Plug Assay
This study aimed to identify isolates of B. subtilis subsp. subtilis that can combat NE
in poultry and therefore isolates were initially selected based on their antagonistic
ability against C. perfringens reference strain ATCC 13124. Results were analysed
qualitatively as culture standardisation was not carried out in this method (see 2.8
Initial Antagonistic Plug Assay). B. subtilis subsp. subtilis isolates ATCC 6051, BS013
and BS023 were deemed antagonistic against C. perfringens isolate ATCC 13124
based on their ability to clear a zone around the plug. The remaining B. subtilis subsp.
subtilis isolates (see Table 2.2) did not produce a zone around the plug and were not
taken forward for further experimentation. The negative control did not produce a zone
of clearance around the plug.
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Figure 3.2 Plug assay example whereby a plug of agar inoculated with B. subtilis subsp. subtilis isolate
BS013 was placed onto agar inoculated with C. perfringens isolate ATCC 13124 and has caused a zone
of clearance. Figure includes a scale bar (1cm) and was annotated using GoodNotes, UK.

3.4 Culture Standardisation
3.4.1 Growth Kinetics
Growth curves were assembled to analyse the different growth phases for B. subtilis
subsp. subtilis isolates ATCC 6051, BS013 and BS023 for culture standardisation
purposes. All isolates provided relatively similar growth phases, allowing for an
appropriate absorbance of 0.3 at 600nm to be chosen to standardise the culture in all
future work. An absorbance of 0.3 at 600nm was also chosen for culture
standardisation of all C. perfringens isolates used in this study (see Table 2.3), based
on data produced by the industrial sponsor (Arden Biotechnology). Log 10 growth
curves were also assembled for B. subtilis subsp. subtilis isolates ATCC 6051, BS013
and BS023 to calculate the growth factor and doubling time (see Equation 2.2 and
2.3). The log10 growth curves for B. subtilis subsp. subtilis isolates ATCC 6051, BS013
and BS023 are provided in Figures 3.4, 3.5 and 3.6.
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Time (hours)
Figure 3.3 Growth curves of B. subtilis subsp. subtilis isolates ATCC 6051, BS013 and BS023. Figure
includes positive and negative standard error bars.
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Figure 3.4 Log10 growth curve of B. subtilis subsp. subtilis isolate ATCC 6051. Figure was used to
calculate growth factor and doubling time (see Table 3.1).
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Figure 3.5 Log10 growth curve of B. subtilis subsp. subtilis isolate BS013. Figure was used to calculate
growth factor and doubling time (see Table 3.1).
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Figure 3.6 Log10 growth curve of B. subtilis subsp. subtilis isolate BS023. Figure was used to calculate
growth factor and doubling time (see Table 3.1).
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Table 3.1 Calculated doubling time (see Equation 2.3) for B. subtilis subsp. subtilis isolates ATCC 6051,
BS013 and BS023.

Isolate

Doubling Time (minutes)

ATCC 6051

211

BS013

213

BS023

302

3.4.2 Colony-forming Units

The CFU mL-1 was calculated (see Equation 2.4) for B. subtilis subsp. subtilis isolates
ATCC 6051, BS013 and BS023 at an absorbance of 0.1, 0.3 and 0.5 at 600nm for
culture standardisation purposes (see Table 3.2). Although the growth curves for B.
subtilis subsp. subtilis isolates ATCC 6051, BS013 and BS023 (see Figure 3.3)
illustrated that the isolates reach the stationary phase at an absorbance of lower than
0.5600, under the usual growth conditions (see 2.7.1 Bacillus subtilis subsp. subtilis)
the isolates will reach an absorbance of approximately 0.6600.
Table 3.2 Colony-forming units mL-1 (see Equation 2.4) of B. subtilis subsp. subtilis isolates ATCC 6051,
BS013 and BS023 at an absorbance of 0.1, 0.3 and 0.5 at 600nm.

Isolate

Abs (600nm)

CFU mL-1

ATCC 6051

0.1

9.16 x 107

0.3

3.86 x 108

0.5

5.13 x 109

0.1

1.03 x 108

0.3

2.60 x 108

0.5

5.10 x 108

0.1

7.60 x 107

0.3

2.13 x 108

0.5

3.50 x 108

BS013

BS023
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3.5 Expanded Antagonistic Plug Assay
This methodology (see 2.10 Expanded Antagonistic Plug Assay) assessed the
antagonistic ability of B. subtilis subsp. subtilis isolates ATCC 6051, BS013 and
BS023 against a variety of type A and type G C. perfringens isolates (see Table 2.3).
This was carried out to assess the effectiveness of the B. subtilis subsp. subtilis
isolates to combat NE based on their ability to produce a zone of clearance around
the B. subtilis-cultured plug against 12 isolates of C. perfringens (see Table 2.3). All
three B. subtilis subsp. subtilis isolates were deemed antagonistic against all 12 C.
perfringens isolates with B. subtilis subsp. subtilis isolate ATCC 6051 producing an
overall zone diameter average of 15.53mm, B. subtilis subsp. subtilis isolate BS023
producing an overall zone diameter average of 15.74mm, and B. subtilis subsp.
subtilis isolate BS013 producing the smallest zones of clearance against all C.
perfringens isolates with an overall zone diameter average of 11.38mm (see Figure
3.7); The negative controls did not produce a zone of clearance around the plug.
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Figure 3.7 Diameter of zone clearance against a range of C. perfringens isolates by B. subtilis subsp.
subtilis isolates ATCC 6051, BS013 and BS023. This figure includes positive and negative standard
deviation error bars.

3.6 Stability Testing
The stability of B. subtilis subsp. subtilis isolates ATCC 6051, BS013 and BS023 was
assessed when exposed to different pH levels (pH 2 to pH 9), various bile salts
concentrations (0.3%, 0.6% and 0.9%) and various temperatures (30°C, 37°C and
42°C) to mimic the GI tract of poultry.
3.6.1 Cell Viability
Results were assessed qualitatively due to all three B. subtilis subsp. subtilis isolates
forming a biofilm at the air-agar interface under most conditions, making an accurate
colony count unattainable. Therefore, the CFU mL-1 (see Equation 2.4) could not be
calculated. For the diluted cultures, all three B. subtilis subsp. subtilis isolates had
viable cells at pH 4 to pH 9, up to 0.9% bile salts, and at 30°C to 42°C for 180 minutes.
All three B. subtilis subsp. subtilis isolates had a colony count of zero at an acidity
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level of pH 2 and pH 3 at 60, 120 and 180 minutes using this methodology (see 2.9.3
Colony-forming Units). For the cultures resuspended in TSB after exposure to pH 2
PBS, B. subtilis subsp. subtilis isolate ATCC 6051 had a colony count of zero at 120
minutes and B. subtilis subsp. subtilis isolates BS013 and BS023 had viable cells at
120 minutes.
3.6.2 Stability Plug Assay
The antagonistic ability of B. subtilis subsp. subtilis isolates ATCC 6051, BS013 and
BS023 was investigated against C. perfringens isolate ATCC 13124 when subjected
to varying pH levels (pH 2 and pH 9), bile salt concentrations (0.3%, 0.6% and 0.9%)
and temperatures (30°C, 37°C and 42°C) to assess their antagonistic ability in the GI
tract of poultry. Both TSB and PBS were used assess the effect of nutrient availability.
Different pH levels did not largely affect the diameter of the zones, with less than one
millimetre (<4%) difference between the zone diameter of pH 2 and pH 9 for each
respective condition (see Figure 3.8). All three B. subtilis subsp. subtilis isolates
created a slightly larger zone at pH 9 than at pH 2 in TSB (on average 3.9% increase)
and a slightly smaller zone in PBS (on average 3.6% decrease) (see Figure 3.8). Bile
salt concentration up to 0.9% did not affect the diameter of the zones (see Figure 3.9).
Temperature affected the diameter of the zones created by all B. subtilis subsp.
subtilis isolates, whereby zone diameter decreased as the temperature increased
from 30°C to 42°C (range from 13.2% to 42.9% decrease) (see Figure 3.10). The use
of TSB allowed for the production of a larger zone of clearance around the B. subtiliscultured plug under all conditions, compared to the use of PBS. The negative controls
did not produce a zone of clearance around the plug.
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Figure 3.8 Diameter of zone clearance against C. perfringens isolate ATCC 13124 by B. subtilis subsp.
subtilis isolates ATCC 6051, BS013 and BS023 when subjected to two pH levels (pH 2 and pH 9) in
TSB and PBS. Figure includes positive and negative standard deviation error bars.
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Figure 3.9 Diameter of zone clearance against C. perfringens isolate ATCC 13124 by B. subtilis
subsp. subtilis isolates ATCC 6051, BS013 and BS023 when subjected to various bile salt
concentrations (0.3%, 0.6% and 0.9%) in TSB and PBS. Figure includes positive and negative
standard deviation error bars.
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Figure 3.10 Diameter of zone clearance against C. perfringens isolate ATCC 13124 by B. subtilis
subsp. subtilis isolates ATCC 6051, BS013 and BS023 when subjected to various temperatures
(30°C, 37°C, 42°C) in TSB and PBS. Figure includes positive and negative standard deviation error
bars.

3.7 Antibiotic Sensitivity
Antibiotic sensitivity determines tolerance or sensitivity to commonly prescribed
antibiotics (AlGburi et al., 2016). This is important due to antibiotic resistance-genes
in bacteria, including probiotics, potentially being transferable to other microbiota,
leading to antibiotic resistant strains of bacteria (AlGburi et al., 2016). Three of the
antibiotics (erythromycin, tetracycline and vancomycin) were selected based on
European Food Safety Authority (EFSA) guidelines when using microorganisms as
feed additives (Rychen et al., 2018). Aztreonam was selected as a negative control
due to its antibacterial spectrum being limited to Gram-negative bacteria (Brogden
and Heel, 1986). Bacitracin was also selected as B. subtilis can produce bacitracin
and therefore has an intrinsic resistance to it (AlGburi et al., 2016).
The sensitivity of B. subtilis subsp. subtilis isolates ATCC 6051, BS013 and BS023
to five antibiotics (see Table 2.7) was assessed. B. subtilis subsp. subtilis isolates
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ATCC 6051 and BS013 were most susceptible to erythromycin (MIC at ≤0.5g L -1)
and was most tolerant to aztreonam and bacitracin (MIC at ≥128g L -1) (see Figure
3.11). B. subtilis subsp. subtilis isolate BS023 was most susceptible to tetracycline,
and most tolerant to aztreonam and bacitracin (see Figure 3.11).
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Figure 3.11 Antibiotic sensitivity of B. subtilis subsp. subtilis isolates against aztreonam,
bacitracin, erythromycin, tetracycline and vancomycin

3.8 Auto-aggregation and Co-aggregation
Bacteria that can aggregate with other organisms may have an advantage in
colonising the intestine over those that are unable to aggregate (Collado, Meriluoto
and Salminen, 2008), making aggregation ability an important property of a successful
probiotic. The percentage of auto-aggregation and co-aggregation with C. perfringens
isolate ATCC 13124 was calculated (see Equations 2.5 and 2.6) to assess the ability
of B. subtilis subsp. subtilis isolates ATCC 6051, BS013 and BS023 to adhere to cells
in the GI tract of poultry. B. subtilis subsp. subtilis isolates ATCC 13124, BS013 and
BS023 were able to auto-aggregate and co-aggregate. B. subtilis subsp. subtilis
isolate BS013 showed the highest auto-aggregation abilities (2-17% higher)
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compared to other isolates (see Table 3.3). B. subtilis subsp. subtilis isolate ATCC
6051 portrayed lower auto-aggregation abilities (15-17% lower) and higher coaggregation abilities (16-20% higher) compared to the other isolates (see Table 3.3).
Table 3.3 The auto-aggregation and co-aggregation (with C. perfringens isolate ATCC 13124) (see
Equations 2.5 and 2.6) of B subtilis subsp. subtilis isolates ATCC 6051, BS013 and BS023.

Isolate

Auto-aggregation (%)

Co-aggregation (%)

ATCC 6051

77

25

BS013

94

9

BS023

92

5
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4 Discussion
This research aimed to establish the effectiveness of B. subtills subsp. subtilis as a
probiotic to combat NE in poultry by isolating B. subtilis subsp. subtilis from soil. This
was achieved by assessing its antagonistic ability against C. perfringens and then
investigating its stability when subjected to various pH levels, bile salt concentrations
and temperatures, antibiotic sensitivity, and cell adhesion properties.
4.1 Isolate Confirmation
Species of the B. subtilis group are difficult to distinguish from one another due to
being closely related (Fritze, 2004; Cho et al., 2018), making subspecies-specific
primers crucial for the identification of B. subtilis subsp. subtilis. Bacterial identification
using 16S ribosomal RNA (rRNA) is a common practice, however it fails to distinguish
between closely related species due to the sequence similarity and therefore cannot
be used to identify specific Bacillus species (Cho et al., 2018). As a result, Cho et al.
(2018) developed primers based on the LysR family transcriptional regulator for the
identification of B. subtilis subsp. subtilis as it yielded no match to other identified
Bacillus reference sequences.
Isolates were confirmed as B. subtilis subsp. subtilis based on their amplification at
310bp using subspecies specific oligonucleotide primers by Cho et al. (2018) (see
Table 2.4). The PCR was deemed successful based on the amplification of B. subtills
subsp. subtilis isolate ATCC 6051 and the non-amplification of the negative controls.
The negative controls included B. amyloliquefaciens subsp. amyloliquefaciens isolate
ATCC 23350 and B. licheniformis isolate ATCC 14580, both of which are also part of
the B. subtilis species complex (Fan et al., 2017). The inclusion of two other isolates
of the B. subtilis species complex was deemed an effective way of determining the
specificity of the primers used (see Table 2.4) due to species of the B. subtilis group
being so closely related (Fritze, 2004; Cho et al., 2018).
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4.2 Biofilm Prevention
Although the biofilm formation of Bacillus spp. is considered to be an attractive quality
for a potential probiotic because it can used as an adaptive response to stresses in
the GI tract (Hong et al., 2009), it does not allow for culture standardisation in
laboratory research. Many conditions are thought to trigger biofilm formation
(Vlamakis et al., 2013) but the effect of growth conditions on B. subtilis biofilm
formation is relatively unknown. B. subtilis is thought to form biofilms that provide
protection against environmental stresses and vary massively under different
environmental conditions (Lemon et al., 2008). Therefore, the biofilm formation of B.
subtilis subsp. subtilis isolate BS023 was visually assessed under numerous growth
conditions including various media temperatures, agitation amounts, containers,
oxygen availabilities, pH levels, and nutrient availabilities. This research found biofilm
formation was reduced when grown in glassware with a broth-to-air ratio of 1:6, an
incubation temperature of 30°C and agitation at 180rpm.
The material of the container used to grow B. subtilis subsp. subtilis isolate BS023
affected biofilm formation, whereby plasticware allowed the isolate to form a visually
larger biofilm than when grown in glassware. This suggests that the isolates can
adhere to plastic more easily than glass. Although this hypothesis seems to be
relatively unresearched, Hong et al. (2009) found that biofilm-forming B. subtilis
isolates were able to adhere to plastic.
A broth-to-air ratio of 1:6 was found to visually reduce biofilm formation in this study.
Bacillus spp. are aerobic or facultatively anaerobic bacteria (Elshaghabee et al., 2017)
and as previously mentioned, form a biofilm to protect them against environmental
stresses (Lemon et al., 2008). This could suggest that lower oxygen availability may
increase biofilm formation of B. subtilis isolates as a self-protection method. Research
carried out by Morikawa (2006) supported these findings, whereby in aerated standing
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culture systems, B. subtilis grows in the liquid medium rather than forming a biofilm
at the air-liquid interface and suggested that oxygen depletion in standing cultures is
involved in the initial steps of pellicle biofilm formation.
Although there is limited research available on how growth conditions impact biofilm
production of B. subtilis, Zhu et al. (2020) quantitively assessed the effect of
temperature and pH on biofilm formation of B. pumilus, a species that is closely
related to B. subtilis (Fan et al., 2017). Zhu et al. (2020) found that B. pumilus
maintained a biofilm between 20°C and 40°C and at pH 5.5 to pH 9.0, with the
greatest biofilm formation being observed at 37°C (noted as significantly greater than
the other temperatures) and at pH 7. This suggests that both temperature and pH do
affect the biofilm formation of B. pumilus and therefore, could affect the biofilm
formation of B. subtilis. Although the effect of temperature on biofilm formation is
supported by the findings of this study, altering the pH level (pH 4 to pH 9) did not
visually affect biofilm formation of B. subtilis subsp. subtilis isolate BS023. The biofilm
formation of B. subtilis subsp. subtilis isolate BS023 would need to be assessed
quantitively to obtain more accurate results, however this was not deemed necessary
for the purpose of this research.
Agitation at 180rpm and broth-to-broth inoculation also reduced biofilm formation of
B. subtilis subsp. subtilis isolate BS023. Although this method (see 2.7.1 Bacillus
subtilis subsp. subtilis) was deemed successful in preventing the visual biofilm
formation of B. subtilis subsp. subtilis isolates in this study, microscopic aggregation
or biofilm production could slightly affect culture standardisation. Biofilm formation
under selected growth conditions (see 2.7.1 Bacillus subtilis subsp. subtilis) would
need to be quantitively assessed for more accurate results.
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4.3 Initial Antagonistic Plug Assay
In initial studies, two B. subtilis subsp. subtilis isolates (BS013 and BS023) were
deemed antagonistic against C. perfringens isolate ATCC 13124 out of 18 confirmed
B. subtilis subsp. subtilis isolates (see Table 2.2). B. subtilis subsp. subtilis isolate
ATCC 6051 was used as an experimental reference strain and was also deemed to
be antagonistic against C. perfringens isolate ATCC 13124. For all plug methodology
used in this study (see 2.8 Initial Antagonistic Plug Assay, 2.10 Expanded
Antagonistic Plug Assay and 2.11.2 Stability Plug Assay), the agar inoculated with B.
subtilis subsp. subtilis was allowed an overnight aerobic incubation before the agar
plug plate was inoculated with C. perfringens to allow the B. subtilis subsp. subtilis to
grow in favourable conditions before anaerobic incubation the following day. This
methodology was deemed acceptable for the purposes of this study as the probiotic
would be used as a preventative measure, rather than a treatment for NE. The plug
plates were incubated anaerobically to mimic the GI tract of poultry and to favour the
growth conditions of C. perfringens.
Although this methodology (see 2.8 Initial Antagonistic Plug Assay) cannot definitively
identify the mechanism/s of action of B. subtilis subsp. subtilis isolates ATCC 6051,
BS013 and BS023, it was deemed successful in qualitatively assessing their
antagonistic ability against C. perfringens. The ability to clear a zone of agar around
a plug could suggest the isolates use of an antimicrobial ‘killing’ mechanism. This
species has been found to produce antimicrobial peptides called bacteriocins
(Abriouel et al., 2011) which are known for their highly specific antimicrobial activity
(Rooney et al., 2021). This allows for them to be used to prevent specific infections
(Caly et al., 2015), meaning bacteriocins produced by an individual isolate may not
be effective against multiple bacteria and could be the reason that only two isolates
were found to be antagonistic against C. perfringens ATCC 13124. Also, the
antagonistic abilities of B. subtilis subsp. subtilis isolates BS013 and BS023 against
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C. perfringens isolate ATCC 13124, could suggest that they may be able to
successfully target the causative agent responsible for NE in poultry. To draw this
conclusion, the mechanisms of action of B. subtilis subsp. subtilis isolates BS013 and
BS023 would need to be definitively determined.
4.4 Culture Standardisation
4.4.1 Growth Kinetics
Figure 3.3 presents the growth curves for B. subtilis subsp. subtilis isolates ATCC
6051, BS013 and BS023. An absorbance of 0.3 at 600nm was chosen for culture
standardisation purposes due to it being roughly mid-log phase for all isolates, and
therefore all cells can be deemed viable. B. subtilis subsp. subtilis isolates ATCC
6051, BS013 and BS023 had a doubling time of 211, 213 and 302 minutes,
respectively. However, the conditions used in this methodology (see 2.9.2 Growth
Kinetics) include the use of an enclosed 96-well plate, creating anaerobic growth
conditions and therefore is not an ideal growth environment for aerobic species, such
as B. subtilis subsp. subtilis (Elshaghabee et al., 2017). Unfavourable growth
conditions could explain the differences in doubling time between B. subtilis subsp.
subtilis isolates ATCC 6051, BS013 and BS023 as a result of their individual abilities
to grow in an anaerobic environment. This also means that the conditions used in this
methodology (see 2.9.2 Growth Kinetics) are not fully representative of how B. subtilis
subsp. subtilis isolates were grown in this study (see 2.7.1 Bacillus subtilis subsp.
subtilis), whereby cultures were grown with constant agitation and with a 1:6 ratio of
broth-to-air to allow for oxygen availability. These differences in growth conditions
could impact doubling time and would need to be further assessed.
There is limited research that states the doubling time of B. subtilis but it has been
found to have a doubling time of 120 minutes (Burdett, Kirkwood and Whalley, 1986).
However, the growth conditions provided were different to those used in this
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methodology (see 2.9.2 Growth Kinetics) and to the usual growth conditions used in
this study (see 2.7.1 Bacillus subtilis subsp. subtilis), in terms of media and
supplement use. The methodology used by Burdett, Kirkwood and Whalley (1986),
was not used in this study due to the unavailability of media needed. This difference
in growth conditions could also impact doubling time.
4.5 Expanded Antagonistic Plug Assay
The causative agent of NE in poultry is thought to be C. perfringens type G (Keyburn
et al., 2010; Rood et al., 2018). This methodology (see 2.10 Expanded Antagonistic
Plug Assay) assessed the antagonistic ability of B. subtilis subsp. subtilis isolates
ATCC 6051, BS013 and BS023 against a variety of C. perfringens isolates (type A
and type G) sourced from chicken breast, neonatal infant faeces, broiler necropsies
with suspected NE and a free-range chicken farm (see Table 2.3). C. perfringens
isolate ATCC 13124 was included as an experimental reference strain. In order to be
effective in preventing NE, a potential probiotic should be antagonistic against a range
of C. perfringens. This suggests that B. subtilis subsp. subtilis isolates BS013 and
BS023 can effectively inhibit a range of C. perfringens and could be promising
probiotics to target NE in poultry, providing all other requirements are met.
4.6 Stability Testing
The GI tract of poultry is thought to reach its highest acidity level of pH 1.2 in the
gizzard (Lee et al., 2017) with peak bile salt concentrations of around 7 mg mL -1 in
the jejunum (Lin et al., 2003). The whole retention time of the poultry GI tract is
estimated at around 3.5 hours in total (Hughes, 2008; Pan and Yu, 2014) with an
average internal temperature of between 40.6°C and 41.7°C (Borges et al., 2003).
Therefore, the stability of B. subtilis subsp. subtilis isolates ATCC 6051, BS013 and
BS023 was assessed when exposed to different pH levels (pH 2 to pH 9), various bile
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salts concentrations (0.3%, 0.6% and 0.9%) and various temperatures (30°C, 37°C
and 42°C) to mimic the GI tract of poultry.
4.6.1 Cell Viability
Although the CFU mL-1 (see Equation 2.4) for B. subtilis subsp. subtilis isolates ATCC
6051, BS013 and BS023 could not be calculated and compared, all three B. subtilis
subsp. subtilis isolates were able to survive at pH 4 to pH 9, up to 0.9% bile salts, and
at 30°C to 42°C for 180 minutes. All three B. subtilis subsp. subtilis isolates had a
colony count of zero at an acidity level of pH 2 and pH 3 at 60, 120 and 180 minutes
and were therefore deemed not viable. These findings suggest that all three B. subtilis
subsp. subtilis isolates are not tolerant to high acidity and may not be able to survive
in the GI tract of poultry. However, for the cultures that were resuspended in TSB after
being exposed to pH 2, B. subtilis subsp. subtilis isolate ATCC 6051 had a colony
count of zero at 120 minutes and B. subtilis subsp. subtilis isolates BS013 and BS023
had viable cells at 120 minutes. This suggests that the presence of nutrients and/or
returning to neutral pH conditions, allowed for B. subtilis subsp. subtilis isolates
BS013 and BS023 to re-enter their normal life cycle after exposure to high acidity for
120 minutes. This could be due to B. subtilis endospore formation or an inability for
vegetative cells to form colonies in highly acidic conditions.
B. subtilis can produce endospores that are resistant to many extreme environments
(Turnbull, 1996) and under favourable growth conditions are able to return to their
normal life cycle (Berman, 2012). AlGburi et al. (2016) found that B. subtilis vegetative
cells were incapable of surviving at pH 2 and pH 2.5, however the survival rate of B.
subtilis spores remained constant for four hours at pH 2. To prevent bacterial growth
in the exposure period, PBS was used instead of TSB. It could be possible that B.
subtilis subsp. subtilis isolates ATCC 6051, BS013 and BS023 are not able to survive
below pH 4 but can produce endospores that remain dormant due to the high acidity
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in the PBS. If the potential probiotic can produce endospores in highly acidic
conditions in the gizzard, it may be able to return to its normal life cycle in the small
intestine where conditions are not as acidic. To determine potential endospore
formation, the methodology used (see 2.9.3 Colony-forming Units) would need to be
adapted to include a malachite green stain after exposure to acidic conditions to
assess the formation of endospores.
The findings of this study suggest that vegetative B. subtilis cells were capable of
surviving at bile salt concentrations up to 0.9% and temperatures of up to 42°C using
this methodology (see 2.9.3 Colony-forming Units), so assessing the endospore
formation would not be necessary for these conditions. Overall, B. subtilis subsp.
subtilis isolates BS013 and BS023 were able to withstand highly acidic conditions,
high bile salt concentrations and temperatures relevant to the GI tract of poultry. This
suggests these isolates may be able to survive in the GI tract of poultry, a requirement
that is crucial for a potential probiotic in order to colonise the small intestine.
4.6.2 Stability Plug Assay
Different pH levels did not seem to affect the diameter of the zones by B. subtilis
subsp. subtilis isolates ATCC 6051, BS013 and BS023. There is limited research
available on the effect of pH on antagonistic ability. However, previous results found
that B. subtilis subsp. subtilis isolates ATCC 6051, BS013 and BS023 were not able
to form colonies when spread-plated onto TSA after exposure to highly acidic
conditions in PBS (see 3.6.1 Cell Viability). This could be due to B. subtilis endospore
formation and/or the production of an antimicrobial factor.
There is limited research available on the effect of bile salts and temperature on
antagonistic ability, however this study has found B. subtilis subsp. subtilis isolates
ATCC 6051, BS013 and BS023 are able to survive at bile salt concentrations up to
0.9% and temperatures of up to 42°C.
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The diameter of the zone was smaller in all conditions when PBS was used as the
media rather than TSB, within the two-hour exposure period. This was carried out to
assess the effect of nutrient availability on antagonistic ability of B. subtilis subsp.
subtilis isolates ATCC 6051, BS013 and BS023. The use of PBS was to prevent
bacterial growth in the exposure period. The ability of the isolates to produce a larger
zone when in TSB for the exposure period is most likely due to further growth in the
presence of nutrients such as casein and glucose. Overall, the antagonistic ability of
B. subtilis subsp. subtilis isolates BS013 and BS023 remained relatively constant
when the bacteria were exposed to various pH levels and bile salt concentrations.
Although an increase in temperature seemed to negatively influence the antagonistic
ability, B. subtilis subsp. subtilis isolates BS013 and BS023 were able to remain
antagonistic against C. perfringens. This suggests these isolates may be able to
remain antagonistic against C. perfringens in the GI tract of poultry.
4.7 Antibiotic Sensitivity
B. subtilis subsp. subtilis isolates ATCC 6051, BS013 and BS023 were most tolerant
to aztreonam and bacitracin (see 3.7 Antibiotic Sensitivity). These results were
expected as the antibacterial spectrum of aztreonam is limited to Gram-negative
bacteria (Brogden and Heel, 1986) and B. subtilis can produce bacitracin and
therefore has an intrinsic resistance to it (AlGburi et al., 2016). Bacillus spp. cut-off
points by EFSA were not available for aztreonam or bacitracin (Rychen et al., 2018).
B. subtilis subsp. subtilis isolates ATCC 6051 and BS013 were most susceptible to
erythromycin and B. subtilis subsp. subtilis isolate BS023 was most susceptible to
tetracycline (see Figure 3.11).
The microbiological cut-off values for Bacillus spp. against erythromycin, tetracycline
and vancomycin stated by the EFSA (Rychen et al., 2018) are provided in Table 4.1.
Isolates can be characterised as susceptible when the MIC is equal to or lower than
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the cut-off value, or as resistant when the MIC value is higher than the cut-off value
(Rychen et al., 2018). B. subtilis subsp. subtilis isolates ATCC 6051, BS013 and
BS023 were susceptible to erythromycin, tetracycline and vancomycin and are
therefore deemed ‘safe’ according to EFSA guidelines (Rychen et al., 2018) for those
three antibiotics.
Table 4.1 Bacillus spp. EFSA guidelines for erythromycin, tetracycline and vancomycin whereby isolates
can be characterised as susceptible when the MIC is equal to or lower than the cut-off value, or resistant
when the MIC value is higher than the cut-off value (Rychen et al., 2018).

Antibiotic

Cut-off values (mg L-1)

Erythromycin

8

Tetracycline

4

Vancomycin

4

4.8 Auto-aggregation and Co-aggregation
According to the FAO, probiotics are selected based on their ability to adhere to the
intestinal epithelium in order to colonise the intestine (2016). Auto-aggregation allows
for intestinal cell adhesion (AlGburi et al., 2016) and is therefore an important probiotic
property. B. subtilis subsp. subtilis isolates BS013 and BS023 showed relatively high
auto-aggregation abilities at 94% and 92%, respectively. This suggests that they
could possess the ability to adhere to the intestinal cells in poultry. Research carried
out by Jeon et al. (2017) provided similar findings, whereby B. subtilis had an autoaggregation of 88% after four hours, however this was carried out at 37°C. The
methodology used in this study (see 2.13 Auto-aggregation and Co-aggregation) had
a bacterial incubation temperature of 30°C to mimic the growth conditions used in this
study (see 2.7.1 Bacillus subtilis subsp. subtilis) and prevent the isolates from forming
a biofilm at 37°C.
Bacteria that possess the ability to co-aggregate can form a barrier to prevent
pathogenic microorganisms from colonising the intestine (Del Re et al., 2000; Kos et
al., 2003), as well as inhibit the proliferation of pathogens (Reid et al., 1988; Manhar
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et al., 2016). There is limited research on the co-aggregation of B. subtilis and C.
perfringens, however Jeon et al. (2017) found co-aggregation of approximately 47%
between B. subtilis and Salmonella enteritidis after four hours. This suggests that B.
subtilis subsp. subtilis isolates BS013 and BS023 isolates may not be able to inhibit
C. perfringens colonisation in the intestine as a result of their ability to co-aggregate
with them. Although the methodology used in this study (see 2.13 Auto-aggregation
and Co-aggregation) incubated the isolates in TSB aerobically at 30°C, this does not
favour the growth conditions for C. perfringens used in this study (see 2.7.2
Clostridium perfringens). This could affect the co-aggregation of B. subtilis and C.
perfringens and is not representative of the conditions of the poultry GI tract. The
effect of temperature and oxygen availability would need to be assessed to determine
this. AlGburi et al. (2016) also carried out a Gram-stain to visually assess coaggregation under a microscope, however this was not attempted in this study due to
B. subtilis and C. perfringens both being Gram-positive rod-shaped bacteria and
therefore it may be difficult to accurately distinguish between them.
B. subtilis subsp. subtilis isolates ATCC 6051, BS013 and BS023 can produce a
biofilm under non-shaking conditions which also may influence aggregation results
(see 3.2 Biofilm Prevention). This could be the reason for very high auto-aggregation
abilities in B. subtilis subsp. subtilis isolates BS013 and BS023, as aggregation is
thought to be one of the first steps of biofilm formation (Sorroche et al., 2012; Kragh
et al., 2016).
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5 Conclusion
This study was carried out to identify isolates of B. subtilis subsp. subtilis that can
be used as a probiotic to combat NE in poultry. This research attempted to isolate
and characterise soil-derived B. subtilis subsp. subtilis and explore the antagonistic
ability of B. subtilis subsp. subtilis isolates against C. perfringens. The isolates that
showed antagonistic properties against C. perfringens were selected for future work
and their antagonistic abilities against a range of C. perfringens isolates were
assessed in more depth. The survival and antagonism of the selected B. subtilis
subsp. subtilis isolates was assessed when the isolates were subjected to external
stresses relevant to the GI tract of poultry. The antibiotic sensitivity and cell adhesion
properties were also assessed for the selected B. subtilis subsp. subtilis isolates.
The growth kinetics of the selected B. subtilis subsp. subtilis isolates was also
assessed and a biofilm prevention method was produced for culture standardisation
purposes.
B. subtilis subsp. subtilis isolates BS013 and BS023 were deemed antagonistic
against a range of both type A and type G C. perfringens isolates. This suggests
they could be effective as probiotics to combat NE, providing they meet other
necessary requirements such as assessment of endospore stability, haemolytic
ability, and further antibiotic sensitivity testing. B. subtilis subsp. subtilis isolates
BS013 and BS023 were deemed stable after exposure to acidity levels of up to pH
2, bile salt concentrations of up to 0.9% and temperatures from 30°C to 42°C. B.
subtilis subsp. subtilis isolates BS013 and BS023 were susceptible to erythromycin,
tetracycline and vancomycin and are therefore deemed ‘safe’ according to EFSA
guidelines (Rychen et al., 2018) for those three antibiotics. B. subtilis subsp. subtilis
isolates BS013 and BS023 have the ability to auto-aggregate and co-aggregate with
C. perfringens isolate ATCC 13124. Overall, B. subtilis subsp. subtilis isolates
BS013 and BS023 could be promising alternatives to AGPs to combat NE in poultry,
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however extensive future work is needed to further assess their effectiveness as
probiotics and to ensure safety requirements are met.
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6 Future Work
Improvements to the methodology used for growth kinetics when exposed to stressful
conditions (see 2.11 Stability Testing) is needed. To determine an accurate doubling
time of the potential probiotic, the growth curve would be carried out manually by
growing the isolates under the usual growth conditions used in this study (see 2.7.1
Bacillus subtilis subsp. subtilis) rather than using a microplate reader, to allow for
aerobic growth conditions. Manual growth curves would also be carried out at various
pH levels, bile salt concentrations and under various temperatures in order to mimic
the GI tract of poultry to calculate the survival rate of the potential probiotics when
exposed to external stresses. To determine an accurate CFU mL -1 when assessing
isolate stability, the methodology used (see 2.11.1 Cell Viability) would be kept the
same except for centrifugation and resuspension into sterile TSB after the two-hour
exposure period to prevent biofilms on the air-agar interface. Bacillus spp. endospore
production is considered an attractive probiotic property in terms of maintaining
viability in the GI tract and during manufacturing processes, due to the endospores
ability to resist extreme conditions (Nicholson et al., 2000; Cutting, 2011; FAO, 2016).
Therefore, endospore stability would be assessed when exposed to highly acidic
conditions, high temperatures, desiccation, UV radiation and freeze-drying
processes. To more accurately assess the stability of the potential probiotics in the
poultry GI tract, a model would be produced to include the effect of varying pH levels,
bile salt concentrations and temperatures at the same time for each organ, with
respect to the estimated retention time in each organ.
The haemolytic activity and antibiotic sensitivity of potential probiotics are commonly
assessed for safety purposes (AlGburi et al., 2016). Haemolytic activity is carried out
to determine toxigenic potential as the production of the haemolysin enzyme is a
virulence factor of pathogenic microorganisms (AlGburi et al., 2016). This would need
to be carried out as a priority in future work. Haemolytic mechanisms of Bacillus spp.
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are relatively unknown, however the genes responsible for haemolytic activity have
been studied (Pan et al., 2014; Luo et al., 2015; AlGburi et al., 2016). As a result,
whole-genome sequencing would be useful to identify any haemolytic mechanism
genes. Antibiotic sensitivity determines tolerance or sensitivity to commonly
prescribed antibiotics (AlGburi et al., 2016). This is important due to antibiotic
resistance-genes in probiotics potentially being transferable to other microbiota,
leading to antibiotic-resistant strains of bacteria (AlGburi et al., 2016). Although
antibiotic sensitivity was attempted in this study (see 2.12 Antibiotic Sensitivity), it was
not carried out against all EFSA recommended antibiotics for Bacillus spp. (Rychen
et al., 2018). As a result, the antibiotic sensitivity of B. subtilis subsp. subtilis isolates
BS013 and BS023 would also need to be assessed against gentamicin, kanamycin,
streptomycin, clindamycin and chloramphenicol (Rychen et al., 2018) to further
establish their safety as potential probiotics.
To determine cell adhesion qualities of potential probiotics in this study, aggregation
abilities were determined. To expand on these findings, future work would include
determining the cell surface hydrophobicity of the potential probiotics and assessing
their adhesion to poultry intestinal cell lines. Cell surface hydrophobicity is thought to
affect auto-aggregation and cell adhesion abilities and therefore hydrophilicity is also
considered an important probiotic trait (Del Re et al., 2000; Kos et al., 2003).
Assessing the potential probiotics ability to adhere to poultry intestinal cell lines in vivo
is arguably a good technique to determine cell adhesion properties, however it is
expensive and time consuming (Del Re et al., 2000). Research has suggested that
hydrophobicity and auto-aggregation ability is an effective way to predict potentially
adherent bacteria for commercial uses (Del Re et al., 2000).
In order to be effective in preventing NE, a potential probiotic must be antagonistic
against a range of C. perfringens. As previously mentioned, NE in poultry is thought
to be caused by C. perfringens type G (Keyburn et al., 2010; Rood et al., 2018).
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Although B. subtilis subsp. subtilis isolates BS013 and BS023 were deemed
antagonistic against 12 isolates of C. perfringens in an antagonistic plug assay (see
2.10 Expanded Antagonistic Plug Assay), future work would aim to strengthen these
findings by increasing the number of C. perfringens isolates used to include more C.
perfringens type G isolates. Bacillus spp. have also been found to have antioxidant,
antimicrobial and immunomodulatory properties (Lefevre et al., 2015; Shobharani,
Prakash and Halami, 2015; Ripert et al., 2016). Some probiotic species, including B.
subtilis, can produce bacteriocins as a mechanism of action against pathogenic
bacteria (Ng et al., 2009; Abriouel et al., 2011). Establishing this mechanism of action
would be useful for future research. Commercial probiotics can be multi-species, for
example

PoultryStar

ME

(Lactobacillus

reuteri,

Enterococcus

faecium,

Bifidobacterium animalis, Pediococcus acidilactici and Lactobacillus salivarius)
(Giannenas et al., 2012; FAO, 2016). Future work would also explore the antagonistic
ability of potential probiotics against C. perfringens when placed together to determine
any positive antagonistic effect they may have on one another.
Overall, there is a lot more research to be carried out on the potential probiotics to
assess their effectiveness as probiotics to combat NE in poultry and ensure they meet
animal feed requirements published by EFSA (Rychen et al., 2018).
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